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Abstract

With the recent advancements in molecular technologies, environmental DNA (eDNA)
has become an especially useful tool for biodiversity monitoring. More recently, eDNA
has been investigated as a tool to obtain fine scale molecular information such as
individuals’ mitochondrial DNA (mtDNA) haplotypes. This study examines the
capabilities of eDNA in enhancing our understanding and monitoring of the well-studied
Shannon Estuary bottlenose dolphin (Tursiops truncatus) population. Water samples
taken from the fluke print of dolphins were filtered using two different filter types
Sterivex (~1.5L) and Waterra (~50L) species-specific qPCR was used to detect bottlenose
dolphins’ eDNA, as well as conventional PCR to amplify a 543bp haplotype region to
identify known haplotypes from eDNA samples. These same water samples were also
used for a metabarcoding analysis of fish species in an attempt to better understand
potential prey species. Bottlenose dolphin eDNA was successfully detected in 44% of the
samples using Sterivex filers and 61% using Waterra filters. The two haplotypes known
from the Shannon estuary population (Irel and 2) were also successfully identified using
DIp1.5 and DIp8G primers, and putative fish prey species were successfully obtained by
both filter methodologies. The effectiveness of both sample acquisition approaches was
compared and their implementation in further eDNA studies considered. The results of
this study add to the evidence that eDNA is a promising non-invasive method for

monitoring both presence/absence and genetic diversity of bottlenose dolphins.



Introduction

In recent years environmental DNA (eDNA) has emerged as useful tool for biodiversity
monitoring (Beng and Corlett, 2020; Bohmann et al., 2014). The basis of eDNA is that
organisms leave behind trace amounts of DNA in their environment, whether that be soil,
water, or even air (Ficetola et al., 2008; Lynggaard et al., 2022). The capture, extraction,
and amplification of this eDNA allows for the detection of species without the need for
visual observation. This makes eDNA especially useful for monitoring of rare and cryptic
species or the identification of invasive species (Sepulveda et al., 2019; Thomas et al.,
2020). eDNA is especially useful in the study of marine mammals as they tend to be
mobile and elusive species that can be difficult to study using traditional survey methods
(Foote et al., 2012). The ability of eDNA to detect cetacean species has been demonstrated
in a variety of species and environments (Alter et al., 2022; Haderlé¢ et al., 2023; Juhel et
al., 2021; Székely et al., 2022). A recent study showed that it was possible to detect the
elusive, deep diving Cuvier’s beaked whale (Ziphius cavirostris) from eDNA collected
from the water surface (Boldrocchi et al., 2024). Aside from single species detections,
eDNA in combination with high-throughput next generation sequencing can be used to
detect whole communities (Closek et al., 2019), and therefore has the potential to be used

to identify predator prey-dynamics in marine ecosystems (Berger et al., 2020).

As yet there is no standardised methodology to detect eDNA in cetacean species. In terms
of sampling, water samples can be taken in transects in areas the target species are
expected to be (Boldrocchi et al., 2024; Székely et al., 2021), in areas where the target
species were recently observed (Baker et al., 2018; Greiner-Ferris, 2020; Pinfield et al.,
2019), or directly from the fluke print (the patch of calm water left after a cetacean as
dived) of the target species (Parsons et al., 2018; Székely et al., 2021). While most studies
collect 1L of water (Alter et al., 2022; Baker et al., 2018; Zhang et al., 2023), the volume

of water collected can range from 15ml to 30L (Foote et al., 2012; Juhel et al., 2021;
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Parsons et al., 2018). Filter types used also vary between studies, with some studies using
open cellulose filter discs (Greiner-Ferris, 2020; Parsons et al., 2018), while others use
capsule filters (Alter et al., 2022; Juhel et al., 2021; Székely et al., 2021). The volume of
water collected influenced the choice of filter type. In the lab there are various preexisting
DNA extraction kits to choose from or eDNA can be extracted by protocols such as
phenol-chloroform extraction (Greiner-Ferris, 2020; Parsons et al., 2018; Székely et al.,
2021). For target eDNA, two widely used methods are qPCR and metabarcoding (Closek
et al., 2019; Parsons et al., 2018; Székely et al., 2021; Valsecchi et al., 2020), and more
recently droplet digital PCR has also been used as an especially sensitive method of
eDNA detection (Baker et al., 2018; Scriver et al., 2024). The lack of consistent field and

lab protocols makes it difficult to select the optimum methodology for a specific study.

Understanding the genetic variation within populations is a valuable tool when assessing
species distribution, connectivity, and diversity, which is essential for the implementation
of effective management and conservation of vulnerable species (Palsboll et al., 2007,
2013; Waples and Gaggiotti, 2006). Generally, population genetic information for
cetacean species is obtained through biopsy samples taken from both dead and live
animals (Kriitzen et al., 2002; Meschersky et al., 2008). Biopsy sampling live animals is
challenging and may cause undue stress on the animal. eDNA has the potential to be used
as a simpler and non-invasive method to obtain this same genetic information. While the
detection of species using eDNA is reasonably well studied, the potential population level
inferences from eDNA are yet to be discovered (Adams et al., 2019; Sigsgaard et al.,
2020). Thanks to advancements in molecular tools, it is becoming increasingly possible
to obtain genetic data at the intraspecific level using indirect (yet targeted) sampling
approaches, such as individual pinnipeds’ DNA from scat at haul out sites (Steinmetz et
al., 2023) and baleen whales’ individual DNA from blows using drones (O’Mahony et

al., 2024). However, disentangling individual eDNA from composite matrices such as
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water, which may contain eDNA from multiple individuals, is still particularly
challenging. In recent years, a few studies have used eDNA to investigate intraspecific
diversity in cetacean species such as killer whales (Orcinus orca), harbour porpoise
(Phocoena phocoena) and bowhead whales (Balaena mysticetus) (Baker et al., 2018;
Parsons et al., 2018; Székely et al., 2021). This study investigates the applicability and
capabilities of eDNA for monitoring bottlenose dolphins (Tursiops truncatus), focusing

on the well-studied resident Shannon Estuary bottlenose dolphin population.

The outer Shannon Estuary is a Special Area of Conservation (SAC) located on the West
coast of Ireland. The estuary originates from the River Shannon, the longest river in
Ireland, the estuary spans approximately 120km from Limerick City to the Atlantic
Ocean. The Shannon estuary encompasses a wide variety of marine environments and is
home to many different species. The habitat heterogeneity offered by the Shannon Estuary
makes it an ideal location for bottlenose dolphins to feed, breed and socialise (Ingram and
Rogan, 2002). The Shannon bottlenose dolphins have been consistently studied over the
past 30 years, with ongoing monitoring of the population using photo-identification and
individual recognition (e.g. Englund et al., 2008; Rogan et al., 2018). In the most recent
population size estimate in 2018, it was reported that there were between 121-160
individuals in the population (Rogan et al., 2018). Unlike other dolphin populations
which tend to be mobile and migratory, the Shannon dolphins demonstrate a high level of
site-fidelity (Mirimin et al., 2011; Nykénen et al., 2018). While the population itself and
how it uses the estuary is well studied, apart from some stomach content data, little is
known about what these dolphins are feeding on (Dunshea et al., 2013). A better
understanding of the feeding preferences of these dolphins is needed as it has important

implications for both dolphin and fisheries management.

Population genetic studies based on biopsies of dolphins in Irish waters and those that

have stranded in Ireland have identified that the Shannon dolphins are genetically distinct
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from other Irish coastal and pelagic dolphin populations (Mirimin ef al., 2011; Nykénen,
Louis, et al., 2019). While there is evidence of dispersal and interactions between
Shannon dolphins and other populations, Shannon dolphins appear to be both genetically
and geographically isolated. This isolation, combined with a relatively small population
size, raises concerns about their vulnerability to anthropogenic pressure and

environmental changes (Mirimin ef al., 2011; Nykéanen, Louis, et al., 2019).

Although the estuary is recognised as an important habitat for these dolphins it also
functions as a major shipping route with as many as one thousand ships utilising the
estuary annually (O’Brien et al., 2016; SIFP, 2013). The Shannon Estuary is also a key
area for industrial and economic developments and is frequently used by locals and
tourists for recreational activities (SIFP, 2013). The heavy use of the estuary puts a lot of
anthropogenic stress on the bottlenose dolphin population. Ongoing photo-identification
and acoustic surveys provide valuable information about how the Shannon dolphins use
their environment and how this may be affected by anthropogenic stress (Barker and
Berrow, 2016; Carmen et al., 2021; Rogan et al., 2018). However, to effectively manage
and conserve the Shannon dolphins continued monitoring strategies must be

implemented.

This study evaluates the use of eDNA based techniques to effectively monitor the
Shannon bottlenose dolphin population. By taking water samples from the fluke prints of
dolphins we investigate how the use of two different filter types and methodologies can
effectively capture bottlenose dolphin eDNA. The aims of this study were to determine if
1. eDNA can be used to detect bottlenose dolphins. 2. eDNA can be used to identify
previously reported bottlenose dolphin mitochondrial DNA haplotypes (mtDNA)
haplotypes (Mirimin ef al., 2011). 3. inferences can be made about potential bottlenose
dolphin prey in the Shannon Estuary and 4. to evaluate the performance of two

commercially available filters in this study.
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Methods

Study site

This study took place in the Shannon Estuary SAC situated on the West coast of Ireland,
which connects the River Shannon to the Atlantic Ocean. The general study area and
survey route followed that of Ingram and Rogan (2002) (Figure 1). However, this route
varied depending on weather conditions and dolphin encounters. Surveys were conducted

using a 6.5m rigid inflatable boat (RIB).
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Figure 1: Map of Shannon Estuary and survey route (from Ingram and Rogan, 2002)
Sample collection

When a group of dolphins were spotted the group was approached carefully and the
following information was recorded: Date and time of encounter, GPS coordinate, group
size, composition, and behaviour. Following this photo ID was conducted and eDNA

samples were taken.



Photo ID

An effort was made to photograph all individuals in a group. These photographs were
used where possible to identify which individuals were being sampled on each sampling
occasion. The photographs were also compared to those in UCC’s catalogue of known
Shannon dolphins. This was to verify that the dolphins being sampled were known
resident Shannon dolphins and to cross reference whether any of the individuals
encountered had previously been biopsied (Mirimin et al., 2011; Nykédnen et al., 2018),
as well as providing an update to the long running UCC Shannon Dolphin Catalogue.
eDNA sampling

Where possible, samples were taken from the fluke prints of individual dolphins,
otherwise samples were taken at random from where group members recently surfaced.
Surface water samples were taken using buckets and collected in a 60L barrel. Once a
sample was collected the water was subsampled and filtered using Sterivex-HV (0.45um
pore size; Millipore) and Waterra 0.45-micron eDNA filters (Waterra USA Inc.). Between
1 and 1.5L were pushed through Sterivex filters using a clean, disposable 50ml syringe.
Once filtration was finished, filters were dried by pushing air through the filter. For
Waterra filters an ARGALY electronic pump (purpose built for use with Waterra filters)
was attached to the filter before it was placed in the water and ~50L of water were pumped
through the filter. Again, after filtration was completed, the filters were dried by allowing
the pump to pull air through the filter until there was no water remaining in the filter
capsule. A storage buffer consisting of TES buffer (0.1M TRIS, 10mM EDTA, 2% sodium
dodecyl sulfate: pH 8) and proteinase K (20mg/ml) in a ratio of 190:1 was added to each
filter’s casing (1.5ml for Sterivex and 50ml for Waterra). Initially buffer was added to the
outlet side of the Waterra filters (per Waterra instructions) however, this prevented the
addition of 50ml into the filter. Thus, for the remainder of the samples buffer was added
to the inlet side of the filters. After the addition of the buffer, filters were shaken

vigorously for one minute. Filters were stored in a cooler on ice before storage in a -20°C
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freezer upon return to the lab. Between each sample buckets and barrels were sprayed and
wiped down with 20% bleach, rinsed three times with sea water and dried.

Field controls

As a field control to test if bottlenose dolphin eDNA persists in the estuary, seawater
samples were taken in the absence of dolphins. The RIB remained in one position for 15-
minutes and the area was constantly monitored for dolphins. After 15-minutes had elapsed
- if no dolphins were observed a seawater sample was taken. The sample was filtered
using both filter types and stored in the same manner as above. Additionally, field
negatives were taken to test that no eDNA was being carried over from one sample to
another. After a sample was taken and equipment was cleaned, 10 litres of clean water i.e.
from bottled or tap water, was poured into the sampling bucket, swirled around and
emptied into the collection barrel and swirled around again. Five litres of this water was
filtered through a Waterra filter, and 1.5 litres was filtered through a Sterivex filter, the
filters were then stored as above.

eDNA extraction

Sterivex filters were removed from the freezer and incubated at 56°C for 3 hours, shaking
every 30 minutes. The contents of the filters were then removed from the capsule inlet
using a 3ml syringe. These lysates and an extraction negative which contained only ATL
buffer were extracted using a DNeasy Blood & Tissue Kit (QIAGEN) according to the
manufacturer’s instructions, with a 1-hour incubation after addition of ATL buffer and

proteinase K.

To extract eDNA from Waterra samples a modified version of the precipitation protocol
described by Pont ef al. (2018) was used. Waterra filters were removed from the freezer
and left to thaw at room temperature for at least 3 hours. Once thawed, filters were placed
horizontally on a mini orbital shaker at max speed (300rpm) for 15 minutes, rotating
filters 180° halfway through. The content of each filter was emptied into a 50ml falcon
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tube and centrifuged for 15 minutes at 10,178g (maximum speed). Supernatant was
removed until there was 15ml remaining in the tube, then 33ml of ethanol and 1.5ml of
3M sodium acetate was added to each tube before storing the tubes in a -20°C freezer
overnight. The next day tubes were removed from the freezer and allowed to return to
room temperature. The tubes were centrifuged again at 10,178g at 6°C, then all
supernatant was removed leaving only the pellet. In the case of filters where buffer was
initially added to the outlet side, after precipitation, an additional 50ml of buffer was
added to the inlet side of each filter and they were precipitated again following the same

protocol.

Lysates obtained from the outlet side were extracted using a DNeasy Blood & Tissue Kit
(QIAGEN) with a modified first step: 720ul of ATL buffer was added to the lysate tubes,
the tubes were then vortexed briefly and centrifuged for 1 minute at 1000g. This mixture
was then pipetted into a 2ml tube containing 20ul of proteinase K and incubated at 56°C
for 1 hour. The remaining protocol was completed according to manufacturer’s
instructions. The lysates obtained from the inlet side of the filters contained much more
sediment than those obtained from the outlet side. Therefore, lysates obtained from the
inlet side of the filters were extracted using a DNeasy PowerSoil Pro Kit (QIAGEN)
following the manufacturer’s instructions. Extraction negatives containing only ATL
buffer were also included in the extraction process to ensure there was no contamination
during the extraction process.

Total eDNA quantification

The total eDNA concentration of all extracts including those from bottlenose dolphin
samples, field controls and field/extraction negatives were measured using a Qubit
fluorometer 3.0 and a Qubit dsDNA Quantitation, High Sensitivity (HS) Assay Kit (Life
Technologies). Measurements were carried out according to manufacturer’s instruction

using Sul of each extract and fresh Qubit standards were prepared for every sample.
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eDNA concentrations for each sample were measured in triplicate. The eDNA
concentration for some samples was too high to be measured by HS Qubit so the
measurements were repeated using a Qubit dsSDNA Quantitation, Broad Range (BR)

Assay Kit (Life Technologies).

To determine if there was a significant difference between the total eDNA concentration
obtained from Sterivex and Waterra filters, a Wilcoxon Signed Rank test was performed
in SPSS (IBM SPSS Statistics 27).

Species specific primer selection for qPCR assay

The species specificity of eight primer pairs was evaluated before the most appropriate
set of primers were selected for eDNA quantification using qPCR. Three bottlenose
dolphin specific primer pairs were taken from existing literature (Greiner-Ferris, 2020;

Stoeckle et al., 2018). Three primer pairs were selected using the publicly available

assaylD tool (https:/github.com/jammec313/assaylD) which designs species specific
primers for qPCR assays based on target and non-target DNA sequences obtained from
GenBank. Additionally, as the primers used by Mirimin et al. (2011) to identify Irish
bottlenose dolphin haplotypes produced an amplicon too long for qgPCR, two primer pairs
were designed using PrimerQuest (IDT) to amplify subsections of this haplotype region

containing informative polymorphisms (Table 1).

The specificity of all primers was assessed using primer BLAST (Altschul et al., 1990).
Specificity was also tested by running all primers in PCR reactions with a selection of
marine mammal DNA obtained from tissue samples from a range of species: Bottlenose
dolphin (5 ng/uL, 0.5 ng/uL and 0.05 ng/uL), common dolphin (Delphinus delphis),
harbour porpoise (Phocoena phocoena), killer whale (Orcinus orca), pilot whale
(Globicephala melas), sperm whale (Physeter macrocephalus), fin whale (Balaenoptera
physalus) and grey seal (Halichoerus grypus). PCR blanks were also included in each

PCR run. The following PCR conditions were used for all primer pairs: Initial denature
12
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was carried out at 94°C for 2 minutes, followed by 35 cycles of denature at 94°C for 30
seconds, annealing at 55°C for 30 seconds and extension at 72°C for 30 seconds. This
was followed by a final extension at 72°C for 5 minutes. The PCR products were then
isolated by gel electrophoresis to identify which species were amplified by each primer
set. Based on these results the Dloop primers designed by Greiner-Ferris (2020) appeared
to be the most species specific. However, after using AliView (Uppsala University) to
align these primers with bottlenose dolphin sequences sampled in Ireland (Nykéanen,
Kaschner, ef al., 2019) obtained from GenBank (NCBI) (Sayers ef al., 2022) the primers
were modified to better match the genotype of bottlenose dolphins found in Irish waters.
Bottlenose dolphin eDNA quantification

qPCR assays were evaluated using both TagMan and SYBR Green chemistry with the
modified Greiner-Ferris primers. For the TagMan assay a corresponding probe was
designed using PrimerQuest (IDT). Both methods were tested extensively using a 1:10
dilution series of bottlenose dolphin DNA extracts (from skin samples) in molecular grade
water. When using TagMan chemistry only DNA concentrations > 0.01ng/ul were
detected, whereas DNA concentrations < 0.001 ng/pl were detected using SYBR Green
chemistry. Subsequently, all eDNA samples, field negatives and field controls were run
in triplicate using SYBR Green master mix. Each qPCR plate also contained standard
dilutions of bottlenose dolphin DNA (between 5 and 7 magnitudes of dilution), and one

negative technical control, these were also run in triplicate.

Two sets of criteria were set to define positive detections: 1) Conservative criteria, where
all replicates of a sample amplified bottlenose dolphin eDNA and the sample was not
flagged for high standard deviation between samples and i1) Relaxed criteria, where

bottlenose dolphin eDNA was amplified in at least one replicate.

Again, to determine if there was a significant difference between the mean total eDNA

concentration obtained from paired samples using Sterivex and Waterra filters, a
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Wilcoxon Signed Rank test was performed in SPSS. Additionally, a Generalised Linear
Model (GLM) was used to determine if the flow of the tide (ebb or flow) or the group
size when samples were taken influenced the amount of target eDNA obtained in Waterra

(DNeasy PowerSoil Pro) samples.

To test for sample inhibition, all extracts were also subject to a qPCR where they were
spiked with an internal laboratory positive control and associated primers (Kavlick,

2018). A sample was deemed to be inhibited if the mean ct for the sample was three or

more cycles greater than the ct of the IPC on its own (Hartman et al., 2005).

Table 1: Primer sequences tested for gPCR

Source Target Region|Primer Name Primer Sequence Amplicon Length
Cyto TtCythF 5'-CGAGTGAATCTGAGGTGGATTT-3’
Greiner Ferris (2020) TtCythR 5’-CAATGCTGTGATGATGAATGGAAGA-3’ 94
Dloop TtDloopF 5’-CACACGTGCATGCTAATATTTAG-3’
TtDloopR 5’-GAGTGACCATAGGATATAATGGAGA-3’ 203
This study Dloop TtDloopF (MOD) [5'-CACATGTGCATGCTAATATTTAG-3'
TtDloopR (MOD) [5'-GAGCGACCATAGGATATAATGGAG-3' 203
M13bodoF 5'-TGTAAACGACGGCCAGTTGACCCAAACTAATAGACAC-3'
Stoeckle et al. (2018) [12S , ;
M13bodoR 5'-CAGGAAACAGCTATGACTCTTAGTTGTCGTGTATTCAG-3 187
TtDloop152F 5'-TGGTCGCTCCATTAGATCACG-3'
This study Dloop TtDloop152R 5'-TGGTCCTGAAGTAAGAACCAGA-3' 152
TtDloop156F 5'-TCCATACGATAAGTTAAAGCTCGT-3'
TtDloop156R 5'-CACGCGGCATGGTGATTAAG-3' 156
NDL TtND1F 5'-CGACCAGCCACATCTTCAAC-3'
TtND1R 5'-TTGATGAGTGGGTGCGGTAT-3' 107
Assay ID Tool ND4 TtND4F 5'-GGTCACACTTCAAGTCCTCCTA-3'
TtND4R 5'-CCTGCGTTAAGTCGTTCTGT-3' 141
ND5 TtND5F 5'-CCCCAATCCTCCCTCTCGTA-3'
TtND5R 5'-TGAGTGGAGTAGGGCTGAGA-3' 125
eDNA sequencing

Two sets of primers were tested to obtain sequences that could be used to infer haplotype
information from the eDNA extracts based on the haplotypes identified by Mirimin ef al.
(2011). The first were modified versions of the primers L.15926 and H00034 designed by
Rosel et al. (1994) which Mirimin ef al. (2011) used to identify “Irish” bottlenose dolphin
haplotypes. The second set of primers DIp1.5 and DIp8G was developed by Baker et al.
(1998) and Dalebout et al. (2005), and previously used by Louis et al. (2014) to identify

the same bottlenose dolphin haplotypes. Preliminary results from tissue extracts and

14



selected eDNA samples suggest that the Louis et al. (2014) primers were more suitable

for sequencing.

All eDNA extracts underwent PCR with the second set of primers following the same
PCR conditions as Louis et al. (2014). Subsequently the PCR products were run on a 2%
agarose gel for 1.5-2 hours. A UV lightbox (Vilber Lourmat TFX 20M) was used to
visualise the resulting bands. Any bands that matched the expected fragment length
(~700bp) were cut out from the gel using a scalpel and were purified using a QIAquick
Gel Extraction Kit (QIAGEN). The DIp8G primer was then added to the products before

they were sent to an accredited laboratory (Eurofins) for Sanger sequencing.

Table 2: Primers used to obtain bottlenose dolphin haplotypes

Source Target Region|Primer Name Primer Sequence Amplicon Length
Baker et al. (1998) D-loop DIpl.5 5'-TCACCCAAAGCTGGAATTCTA-3'

Dalebout et al. (2005) DIp8G 5'-GGAGTACTATGTCCTGTAACCA-3' 748

This study D-loop L15926 (MOD) [5'-ACCTCGGTCTTGTAAACC-3'

Rosel et al. (1994) HO00034 5'-TACCAAATGTATGAAACCTCAG-3' 667

Haplotype assignment

Once sequence files were received, they were viewed in AliView. The sequences were
manually trimmed of primers and low-quality ends, based on the accompanying
chromatograph provided by Eurofins. These trimmed sequences were then aligned against
the Irish bottlenose dolphin haplotype sequences (Mirimin ef al., 2011) in MEGA 11
(Tamura et al., 2021). Once aligned, sequences from eDNA samples were compared by
eye using the highlight difference from trace function in AliView to the known
haplotypes. eDNA sequences were assigned a haplotype if they matched one exactly and
if it was not possible to assign a single haplotype all possibilities were noted. If an eDNA
sequence did not match any of the known haplotypes the sequence was submitted to
BLAST (NCBI) (Altschul et al., 1990) to verify the taxa, and any mismatches were

checked against the chromatograph to identify possible sequencing errors. If the BLAST
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(Altschul et al., 1990) results returned bottlenose dolphin and the mismatched bases
showed evidence of sequencing error a maximum parsimony approach was implemented
to assign haplotypes, while noting the possibility of error in the assignment.
Metabarcoding

To examine potential prey composition, aliquots of ten extracts were sent to AllGenetics
(AllGenetics; Spain) for library prep and high-throughput sequencing using MiFishU
primers (Miya et al., 2015). Bioinformatic analysis was performed on the sequences
received from AllGenetics using the Dada2 (Callahan et al, 2016) metabarcoding
pipeline in Rstudio (R Core Team, 2024). Primers were removed using cutadapt,
sequences trimmed where phred score dropped below 35, and then forward and reverse
reads were merged. Only sequences between 180-200bp were retained as this was the
expected amplicon length (Miya et al., 2015). Taxonomy was assigned manually by
submitting sequences to BLAST (Altschul ef al., 1990). Species were assigned based on
100% percentage identity and 100% query cover. If a sequence matched to more than one
species the sequence was assigned to the species most likely to be present in the Shannon
and if there was more than one species that could possibly be found in the Shannon a

higher taxonomic rank was assigned e.g. genus, family etc.
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Results

Samples collected

Throughout the sampling period 20 Sterivex and 18 Waterra samples were collected
across 19 sampling events (Table 3). Additionally, two field control samples in the
absence of dolphins and three field negative samples using clean water were taken, all of
which were filtered using one Sterivex and one Waterra filter per sample. Samples were
taken in a variety of locations ranging from the inner estuary to the outer mouth of the
estuary, with seven samples being taken from single individuals (Figure 2). Most samples
were taken on a flood tide, with two samples taken just at high water. The mean group
size was 2.5 individuals. On most occasions, the main behaviour was recorded as “slow
travelling”, while foraging was suggested on only two occasions. On some occasions

dolphin encounters ended before the target volume of water could be collected.
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Table 3: Table detailing the dates, times and conditions at which samples were taken as well as the behaviour and group composition of the
dolphins, and the volume of water filtered on each sampling event.

Date High Tide | Low Tide | Sampling Event Time Sea State Behaviour Adults | Juveniles | Sterivex Vol. (L) | Waterra Vol. (L)
09/08/2023 12:35 1841 1 12:13 1 Slow Travelling 2 1 1.5 x3 0
2 13:37 0 Foraging/Milling 1 0 1.5 51
] ] 3 13:45 1 Slow Travelling 1 1 2 50
16/08/2023 1908 12:44 4 16:00 1 Slow Travelling 1 1 0 42
5 18:09 1 Slow Travelling 4 1 1.5 50
6 1358 1 Milling/Slow Travelling 1 0 1.5 53
08/09/2023 13:17 19:39 7 14:37 1 Feeding 5 0 15 50
8 16:02 1 Slow Travelling 2 0 1.5 50
9 11:40 1 Travelling 1 0 1 36
29/11/2023 1901 12:36 10 13:30 2 Slow Travelling 3 3 1 38
11 14:40 2 Travelling 1 0 1 42
Control 1 11:20 N/A 0 0 15 50
. . 12 12:20 2 Travelling 2 1 15 31
01/05/2024 12224 1823 13 17:00 2 Travelling 4 0 15 19
Control 2 15:45 N/A 0 0 15 50
14 1350 1 Slow Travelling 1 0 1.5 50
15 14:15 1 Slow Travelling 1 0 1.5 50
) ) 16 15:20 1 Travelling 2 1 15 50
08/05/2024 19:22 1251 17 16:10 1 Milling/Slow Travelling 5 0 15 50
18 16:40 1 Slow Travelling 2 0 1.5 50
19 17:44 1 Slow Travelling 0 1 1.5 50
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Figure 2: Map showing the locations where samples were taken and how many dolphins
were sampled in the sample area.

Total eDNA quantification

To avoid repetition and bias due to some Waterra filters being extracted via two different
extraction methods only eDNA quantities for Waterra filters extracted using the DNeasy
PowerSoil Pro kit were used to compare the amount of eDNA obtained from Sterivex and
Waterra filters. The amount of total eDNA ranged from 0.119ng/ul to 11.867ng/ul
(Sterivex) and from 0.024ng/ul to 132ng/pul (Waterra). Across all sampling events Waterra
yielded both the highest and the lowest concentrations of total eDNA whereas Sterivex
filters extracted using the DNeasy Blood and Tissue Kit were much more consistent

(Figure 3).
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Figure 3: Boxplot showing total eDNA obtained by Sterivex and Waterra filters presented

on a base 10 log scale. Each point represents one filter.

Further analysis comparing only sampling events where both Sterivex and Waterra
samples were taken shows large variability in the amount of eDNA obtained from each
sample (Figure 4). Despite Waterra filters yielding more eDNA in 11 out of 17 sampling
events, no statistically significant difference was found between the mean total eDNA

obtained using these two methods (Wilcoxon Signed Rank, p-value = 0.076).
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Figure 4: Bar chart showing the total eDNA obtained per sample from Sterivex and

Waterra filters presented on a base 10 log scale.

The total eDNA obtained from Waterra filters was compared as a function of the
extraction method, as across six samples extracts from the same filter can exhibit high
levels of variation (Figure 5). A Wilcoxon Signed Rank test indicates that there is no
statistically significant difference between the quantity of eDNA obtained from Waterra

filters extracted using DNeasy Blood & Tissue and DNeasy PowerSoil Pro kits.
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Figure 5: Bar chart showing the total eDNA yield of Waterra filters extracted using
DNeasy Blood and Tissue and DNeasy PowerSoil Kits. Presented on a base 10 log scale.
Bottlenose dolphin eDNA quantification
When using conservative criteria to determine whether bottlenose dolphin eDNA was
present in each sample, two Sterivex samples were deemed positive, one Waterra sample
extracted using DNeasy Blood & Tissue kit was positive and eight Waterra samples
extracted using DNeasy PowerSoil Pro Kit were positive (Table 2, Figure 6). No
bottlenose dolphin eDNA was detected in any of the seawater or clean water controls. The
amount of target eDNA extracted from the positive detections was very variable, ranging
from 5.67x10%ng/ul to 7.504x10°ng/ul (Sterivex) and 0.000128ng/ul to 0.00152ng/ul
(Waterra). For the one sample where target eDNA was found using both Sterivex and
Waterra filters (#7) the amount of eDNA extracted was considerably lower in the Sterivex
filter (Figure 6). However, on one occasion, the target eDNA was detected using the

Sterivex filter but not on the Waterra filter.
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Table 3: Table showing bottlenose dolphin eDNA detections in each sample using
conservative criteria. Triplicate Sterivex samples were taken during one sampling event,
hence the three ticks. BT: DNeasy Blood and Tissue kit; SK: DNeasy PowerSoil kit; v

Present; X: absent; -: N/A

Sampling Event | Sterivex | Waterra (BT) | Waterra (SK)
1 XXX - -
2 X X X
3 X X v
4 X X X
5 X X X
6 X 4 X
7 v X v
8 X X 4
9 X - X
10 X - X
11 X - v
12 X - v
13 X - X
14 X - X
15 X - X
16 X - v
17 X - v
18 X - v
19 v - X
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Figure 6: Bar chart showing conservative estimates of the amount of target eDNA

obtained from Sterivex and Waterra filters per sampling event.

When the relaxed criteria were used to determine whether bottlenose dolphin eDNA was
present in samples, positive detections were seen in eight Sterivex samples, three
(DNeasy Blood and Tissue) and 11 (DNeasy PowerSoil Pro) Waterra samples (Table3,
Figure 7). The amount of target eDNA extracted from the positive detections was very
variable, ranging from 3.42x10°ng/ul to 0.000167ng/ul (Sterivex) and 1.867x10” ng/ul
to 0.00152ng/ul. One positive detection of very low quantity (1.42x10°ng/ul) was seen

in a single replicate of seawater control 1 extracted from a Waterra filter.

A Wilcoxon Signed Rank test revealed that median target eDNA quantity obtained by
Waterra filters was significantly greater than that of Sterivex filters (p-value =0.013). The
results from the GLM found that neither the state of the tide or the group size sampled
had a statistically significant effect on the quantity of target eDNA obtained in Waterra

(DNeasy PowerSoil Pro) samples.
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Table 4: Bottlenose dolphin eDNA detections in each sample using relaxed criteria.
Triplicate Sterivex samples were taken during one sampling event, hence the three ticks.

BT: DNeasy Blood and Tissue kit; SK: DNeasy PowerSoil kit; v": Present; X: absent; -:

N/A
Sampling Event | Sterivex | Waterra (BT) | Waterra (SK)
1 Vv v - -
2 v X v
3 X X v
4 - v v
5 X X X
6 v v X
7 v v v
8 v X v
9 X - X
10 X - X
11 X - v
12 X - v
13 X - X
14 X - v
15 X - X
16 X - v
17 4 - v
18 v - v
19 v - X
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Figure 7: Bar chart showing relaxed estimates of the amount of target eDNA obtained
from Sterivex and Waterra filters per sampling event.
PCR inhibition
In eDNA samples, PCR inhibition was detected in Sterivex filters on five sampling events
(#3, 9, 11, 12 and 13). In contrast, no inhibition was detected in any of the Waterra
extracts. However, inhibition was present in all clean water controls for both filters and
the Sterivex extract for seawater control 1.
Haplotype assignment
It was possible to identify haplotypes in eight out of 19 sampling events, Irel, 2 and 7
were detected in the samples (Table 4). Haplotypes were obtained from two Sterivex
filters and seven Waterra filters (DNeasy PowerSoil Pro Kit). It was not possible to
determine a haplotype for Sterivex #17 as the sequence obtained matched perfectly to

both Ire2 and Ire7 due to the sequence not being long enough to contain the SNP that
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differentiates the two haplotypes. Sequences obtained from sample #7 are inconsistent
across filter types and sequencing primers. After maximum parsimony haplotype
assignment, the sequence obtained from Sterivex #7 did not match any of the existing
haplotypes, there were two mismatches with all bottlenose dolphin haplotypes in non-
polymorphic sites (Mirimin et al., 2011; Nykénen, Kaschner, et al., 2019). When this
sequence was submitted to NCBI BLAST (Altschul et al., 1990) it returned only
bottlenose dolphin (query cover 100%, percentage identity 99%). If the sequence for
Sterivex #7 were to be cut after these mismatches it would match to Ire2 and Ire7 with
insufficient length to distinguish the two. Waterra #7 when sequenced with the H00034
primer returned the Irel haplotype however, when sequenced with the DIp8G primer
returned the Ire2 haplotype. In total, the Irel haplotype appeared three times and the Ire2

haplotype appeared six times across eight sampling events.

Table 5: Bottlenose dolphin haplotypes obtained from each sampling event and the

associated primer used for sequencing

Haplotype Otained per Sequencing Primer
Sampling Event | Filter Type L15926 H00034 DIp8G

2 Sterivex Irel

Waterra (SK) Irel
7 Sterivex No match
7 Waterra (SK) Irel Ire2
8 Waterra (SK) Ire2 Ire2
11 Waterra (SK) Ire2
16 Waterra (SK) Ire2
17 Sterivex Ire2 or Ire7
17 Waterra (SK) Ire2
18 Waterra (SK) Ire2

27



Metabarcoding

In total, 33 fish species (including two elasmobranchs) and three fish families were
identified across 10 extracts (Table 5). The most common species appearing in nine
samples were the European sprat (Sprattus sprattus) followed by European pilchard
(Sardina pilchardus) and conger eel (Conger conger) which appeared in four and three
extracts, respectively. Extracts from sampling events #7 and #8 show that there is
variability in the species identified between extracts from the same sampling event and
even the same filter. In Waterra #7 (DNeasy Blood and Tissue) eight species were
identified of which five were not identified in Waterra #7 (PowerSoil Pro Kit). Similarly,
one unique species occurred in Waterra #8 (DNeasy Blood and Tissue) not present in
Waterra #8 (PowerSoil Pro Kit) or Sterivex #8, and Waterra #8 (PowerSoil Pro Kit)
identified two species not present in Sterivex #8 or Waterra #8 (DNeasy Blood and
Tissue). Waterra #11 (PowerSoil Pro Kit) contained the most species diversity with 20
species recorded, of which 13 were unique. These 13 unique species account for 36% of
fish species across all samples. In addition to fish, both human and bottlenose dolphin

eDNA was present in all 10 samples.
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Table 6: The fish species presence/absence identified by metabarcoding per sample and per filter

Species Common name
Sprattus sprattus European spratt
Sardina pilchardis European pilchard
Conger conger Conger eel
Pollachius pollachius Atlantic pollock
Scomber scombrus Atlantic mackerel
Triglinae (subfamily) Gurnard sp.
Labrus bergyita Ballan wrasse
Pomatoschistus pictus  |Painted goby
Oncorfynchus mykiss Rainbow trout
Merlangius meriangus Whiting
Symphodus melops Corlowing wrasse
Pomatoschistus microps |Common goby
Raja clavata Thormback ray
Scomberesox saurus Atlantic saury
Gadus morhia Atlantic cod
Dicentrarchus labrax European seabass
Pholis gurmellus Rock gunnel
Platichtlys flesus European flounder
Clupea harengus Atlantic herring

Gasterosteus aculeatus

Three-spined stickleback

Atherina boveri

Big-scale sand smelt

Solea solea Common sole
Micromesistius poutassou |[Bue whiting
Tawrulus bubalis Longspine bullhead
Gobius paganellus Rocky goby
Lophius piscatorius Common monldish
Galeorhinus galeus School shark (Tope)
Trisopterus luscus Pouting (poor cod)
Anguilla emguilla Atlantic eel
Trachwrus trachurus Atlantic horse mackarel
Synenathus rostellatus  |Lesser pipefish
Ammodytidae (family) Sand eel sp.

Ciliata septentrionalis Northern rockling,
Lotidae (family) Rockling sp.
Lipoplrys pholis Common blenny

Calliommus [yra

Common dragonet

Sampling Event

Instances
9 Sterivex
Waterra
Soil Kit
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Discussion

eDNA as a tool for species specific detection

This study has demonstrated that it is possible to use eDNA for species-specific bottlenose
dolphin qPCR detection. Using a relaxed threshold for positive detections, bottlenose
dolphin eDNA was detected in 14 of 19 samples (~74%). However, when using a
conservative threshold for positive detections, bottlenose dolphin eDNA was detected in
nine samples (~47%). These detection rates are an improvement on the results of Greiner-
Ferris (2020), the study which provided the basis for the qPCR primers used in this study.
In the Greiner-Ferris (2020) study, positive detections for bottlenose dolphin were only
obtained in biopsy and aquarium control samples when using the TtDloopF/TtDloopR
primers. Similar to this study, Greiner-Ferris (2020) used the DNeasy Blood and Tissue
kit for extraction and similar qPCR conditions. However, in this study, sample volumes
were larger, 1.5L and 50L, and collected from the fluke print of dolphins. Compared to
1L collected by Greiner-Ferris (2020) within 30 seconds of dolphins surfacing. Samples
collected by Greiner-Ferris (2020) were also filtered upon return to the lab using mixed
cellulose ester filter paper (0.45um) rather than onboard like in this study, therefore it is
possible that eDNA may have degraded by the time it was filtered and extracted or the

use of an open filter caused the eDNA to degrade (Spens et al., 2017).

In contrast to other studies which sampled from the fluke prints of other cetacean species
the detection rates of this study are quite low. Two similar studies by Székely et al. (2021)
and Parsons ef al. (2018) successfully detected bowhead whale (Balaena mysticetus) and
harbour porpoise, respectively, in 100% of their fluke print samples. Székely et al. (2021)
collected 1L water samples and extracted onboard using Sterivex filters, though with a

smaller pore size in this study, 0.22um opposed to 0.45um. The extraction method used



by Székely et al. (2021) was a modified version of the DNeasy Blood and Tissue protocol
detailed by Spens et al. (2017) which was optimised for Sterivex filters, this may
contribute to more positive detections. Parsons et al. (2018) filtered between 2.3 and 3.1L
of water through a nitrocellulose filter (0.45um) and did not use a preexisting DNA
extraction kit, rather a phenol-chloroform extraction protocol was used. Both of these
studies also used TagMan assays with species-specific probes for qPCR (Parsons et al.,
2018; Székely et al., 2021), whereas this study used SYBR Green chemistry without
probes. A lack of uniformity in study design and methodology makes it difficult to

pinpoint what causes differences in positive detections between studies.

Variation in the success of using eDNA for species specific detection is common and there
is no clear consensus on what causes this variation. A study by Pinfield et al. (2019) took
water samples within 20m metres of killer whales yet was unable to detect killer whale
eDNA in any of their samples. Conversely, another study by Baker et al., (2018) also
working with killer whales took samples from the wake of the whales and got positive
detections in 17 of 25 encounters (68%). They also reported positive detections up to 2
hours after an encounter. The source of this variation could come from any point of the

experimental methodology as there is, as yet no standard methodology.

In the field variation could be caused by environmental variables, including season,
habitat, and tides. In this study no correlation was found between the direction of the tide
(ebb and flow) and eDNA concentration, however this could be due to a low sample
number (n =4 ebb, 14 flow) and that samples were taken opportunistically, not according
to tide. A recent study by Baetscher et al. (2024) investigated the effect of tides on the
rate of eDNA dispersal and found that higher concentrations of eDNA were collected on

flow tide and higher rates of dispersal were observed on ebb tide. Variation may also be
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caused by differences in eDNA shedding rates, group size and degradation of eDNA and
the target species (Andruszkiewicz Allan et al., 2021; Gendron and Mesnick, 2001;
Harrison et al., 2019; Whitehead et al., 1990). Interestingly, both Greiner-Ferris (2020)
and Baker et al. (2018) found that there was a positive correlation between group size and
eDNA concentration. However, this study found that there was no statistically significant
correlation. Greiner-Ferris (2020) goes on to state that more active behaviours were
observed in larger groups such as breaching, physical interaction and tail slapping,
whereas the most frequently recorded behaviour in this study was slow travelling. This

may suggest that behaviour rather than group size affects eDNA concentrations.

Sample collection also introduces other sources of variation, making comparisons
between studies difficult, including where samples are collected i.e. fluke prints,
transects, at the surface or at depth (Boldrocchi ef al., 2024; Pinfield et al., 2019; Székely
et al.,2021); or how much water is collected and filtered. Generally, eDNA studies filter
~1L of water (Alter et al., 2022; Baker et al., 2018; Székely et al., 2021; Zhang et al.,
2023), but this can range from 15ml to SOL depending on the type of filter used (Foote et

al.,2012; Juhel et al., 2021).

In the lab variation can stem from DNA extraction methods or primers, probes and master
mixes used for qPCR. This study used SYBR Green chemistry for gPCR whereas other
studies use TagMan chemistry with associated species-specific probes which may lead to
a more sensitive assay (Parsons et al., 2018; Székely et al., 2021). qPCR is generally used
for species specific detections however some studies use Droplet Digital PCR (ddPCR)
(Baker et al., 2018; Scriver et al., 2024). Metabarcoding can also be applied to the study
of marine mammals and can also be used to identify multiple species at once (Valsecchi

etal.,2020,2021). There is scope for further work to investigate in more detail the effects
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of any of these variables on the successful species-specific detection of marine mammals
using eDNA.

Population level genetic information from eDNA

In this study it was possible to obtain haplotype sequences in 8 of 19 sampling events
(~42%). Of these 8 sampling events, at least one of the two haplotypes expected to be
present in the Shannon Estuary (Mirimin et al., 2011) were identified in all sampling
events. While it was not possible to differentiate Ire2 and Ire7 for Sterivex samples #7 or
#17, it is likely that the correct haplotype for these samples is Ire2 because it is known to
be found in the Shannon and Ire7 was only identified in 1 of 82 individuals by Mirimin
et al. (2011). Waterra #7 (DNeasy PowerSoil Pro) returning both Irel and Ire2 depending
on which primers were used for sequencing suggests that the individuals sampled on this
occasion were a mixture of individuals with the Irel haplotype and individuals with the
Ire2 haplotype. One of the difficulties when sampling eDNA from bottlenose dolphins is
that they tend to occur in groups (average group size here was 2.5 individuals), so in cases
where groups are made up of individuals of multiple haplotypes perhaps it is more
appropriate to use a metabarcoding approach to discern multiple haplotypes from one

sample (Parsons et al., 2018).

While the use of eDNA to acquire population level genetic information from marine
mammals is still in its infancy, eDNA is proving to be a very useful tool in population
genetic studies. At present there are a few key aspects of eDNA sampling to consider to
maximise the effectiveness of a study. Sampling in the fluke print of cetaceans yields
significantly more eDNA than transect sampling (Székely et al., 2021). However, fluke
print sampling may not be possible due to limitations of the sampling vessel (Pinfield et

al., 2019) or when approach distances are limited (Baker et al., 2018). In this case, as
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described by Baker et al. (2018), likely the best methodology is to sample from areas
where the target species were recently observed and if possible, track currents to minimise
the effects of dispersal. Sampling this way Baker et al. (2018) were able to obtain
haplotype sequences up to an hour after the animals were observed. When sampling
smaller cetaceans such as small delphinids or phocoenids where it is difficult to accurately
sample a single individual, techniques such as species specific metabarcoding can be used
to identify multiple haplotypes in the same sample. As seen in this study, the amount of
genetic information that can be inferred from eDNA samples may be linked to the volume
of water filtered, therefore it is recommended, where possible, to take as much water as

possible/logistically feasible when sampling.

The successful identification of bottlenose dolphin haplotypes in this study provides a
starting point for population genetic studies of other resident dolphin populations. Only
two haplotypes were present in the Shannon bottlenose dolphin population, it would be
interesting to investigate how eDNA could be applied to populations with greater
haplotype diversity as this has been achieved in other species (Parsons et al., 2018;
Székely et al., 2021). If a large-scale investigation across multiple populations within
European waters were to be carried out, it is important to ensure validity and
comparability across research groups working in different areas. This could be achieved
by conducting a “ring test” where samples are exchanged and extracted using similar

methodologies, for inter-lab calibration.

While this study, among others has shown that cetacean mtDNA haplotypes can be
identified (Baker et al., 2018; Parsons et al., 2018; Székely et al., 2021), the extent of
eDNA'’s potential in population genetic studies is still to be discovered. The next steps for

investigating the potential of eDNA is sequencing multiple mtDNA haplotype regions.
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Székely et al. (2021) attempted to shotgun sequence the whole mitochondrial genome of
bowhead whales from eDNA but could not assemble the mitogenome due to excessive
amounts of non-target amplification. An alternative sequencing technique such as capture
sequencing with species-specific probes could potentially allow for full mitogenomes to
be sequenced (Aylward et al., 2018; Reinholdt Jensen et al., 2021). Additionally, the next
step from identifying mtDNA is identifying nuclear DNA. Microsatellite arrays targeting
multiallelic nuclear eDNA markers could be used to estimate allele frequencies in
cetacean species and provide higher resolution population structure information (Andres
et al., 2021), although discriminating genotypes could be difficult in mixed samples.
eDNA stands to be an instrumental tool in the future of cost effective and non-invasive
population genetic studies.

Potential prey of Shannon bottlenose dolphins

Though metabarcoding was only done on ten extracts across seven sampling events, 36
fish species were identified, including two critically endangered species Atlantic eel
(Anguilla anguilla) and school shark (Galeorhinus galeus), and one non-native species
(Rainbow Trout). Previous stomach content analysis of Irish bottlenose dolphins
identified that over 50% of prey species were of the Gadiformes family. The most
frequently recorded species found in over 60% of stomachs were whiting (Merlangius
merlangus), blue whiting (Micromesistius poutassou), pollack (Pollachius pollachius),
saithe (P. virens) and haddock (Melanogrammus aeglefinus). Other species recorded
included dogfish (Scyliorhinus canicula), conger eel (Conger conger) and horse mackerel
(Trachurus trachurus) (Hernandez-Milian et al., 2015). Of these species whiting, blue
whiting, pollack, conger eel and horse mackerel were identified in this study via eDNA.

However, bottlenose dolphins are reported to be generalist species and the majority of
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species identified in this study could be potential prey. The generalist nature of bottlenose
dolphins (Barros and Wells, 1998; Dunshea et al., 2013; Hernandez-Milian et al., 2015;
Santos et al., 2007) coupled with the high number of species identified by metabarcoding
may suggest that metabarcoding alone is not the most suitable approach when

investigating the diet of bottlenose dolphins.

Interestingly, salmon (Salmo salar) has been reported to be an important prey item for
bottlenose dolphins in the Shannon Estuary (Ingram, 2000). However, salmon was not
identified in any of the metabarcoding samples. This could be due to insufficient sample
size or that there actually were no salmon in the area at the time of sampling. In line with
this, fish stock surveys in the Shannon Estuary conducted by Inland Fisheries Ireland in
September and October of 2008 and 2014 recorded only three salmon in 2008 and none
in 2014 (Kelly et al., 2015). However, all samples in this study used for metabarcoding
were collected between the 16™ of August and the 29" of November 2023 which overlaps
with the ESB Fisheries Conservation Census which recorded Salmon returning to rivers
upstream of the Shannon estuary from March to December 2023 with a peak of 461
individuals recorded at Parteen Weir in November (ESB, 2023). These discrepancies in
salmon counts and a general shortage of literature available on salmon populations in the

Shannon estuary warrant further dedicated studies.

The prey investigation in this study was very much preliminary. A dedicated
metabarcoding study with samples taken both in the presence and absence of feeding
bottlenose dolphins may yield better results.

Sterivex vs Waterra filters

This study compared two filter types, 0.45ul Sterivex filter capsules and 600cm? 0.45ul

Waterra filter capsules. The results show that Waterra filters obtained significantly more
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target eDNA. In this section the benefits and drawbacks of both filter types will be

discussed (Table 8).

The Sterivex filters were able to filter between 1 and 1.5L, the Waterra filters filtered
between 19 and 53L. The reason that some Sterivex filtered only 1L was excessive
clogging prematurely, likely due to higher levels of sediment in the water. However, while
premature filter clogging was an issue in a few Waterra filters the more common reason
for lower samples volumes was failure to collect a full SOL of water. For logistical
purposes, if it was not possible to collect S0L of water from a single fluke print of a
bottlenose dolphin, multiple fluke prints had to be sampled. This made it very easy to lose
track of the dolphins before S0L of water was collected especially when they were
travelling quickly or generally uninterested in the RIB. Additionally, the only additional
equipment required when using Sterivex filters are disposable 50ml syringes whereas a
pump is required to pull water through Waterra filters. Waterra filters also require a larger
container to hold SOL of water, these pieces of additional equipment result in higher costs

and larger space requirements onboard the sampling vessel.

In terms of extraction protocols, Sterivex filters can be extracted very quickly and easily,
the lysate can be easily removed from the filter using just a disposable syringe and the
eDNA extraction can be done by using a preexisting DNA extraction kit. The process of
isolating eDNA from Waterra filters is more complicated. The precipitation protocol used
in this study is time consuming as it includes freezing overnight and contains more steps
before the lysates are ready to be extracted using a preexisting DNA extraction kit. A
recent study using Waterra filters used a similar but more streamlined precipitation
method which may be a quicker alternative as it does not include an overnight step (Roblet

etal.,2024).
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Waterra filters captured significantly more target eDNA and had a much higher maximum
eDNA quantity for total and target eDNA than Sterivex. It has been suggested that greater
water volumes obtain more eDNA (Bessey et al., 2020). However, there was a large
variation in eDNA quantities obtained by Waterra filters. A possible explanation for the
variations in quantity from Waterra filters may be due to the extraction method rather than
the filter itself. The PowerSoil Pro kit has been shown to be capable of obtaining high
amounts of eDNA, but the inhibitor removal steps may cause a reduced eDNA yield (Feng
et al., 2023; Galla et al., 2024; Ushio, 2019). This is also evidenced in this study, albeit
in only a few samples that were extracted from Waterra filters using both the DNeasy
PowerSoil Pro kit and the DNeasy Blood and Tissue kit that the eDNA quantities obtained
from the DNeasy Blood and tissue kit were more consistent. So, perhaps this variation in
the amount of eDNA obtained by Waterra filters can be remedied by optimising the

extraction method used (Sellers et al., 2018).

Whether conservative or relaxed criteria were used to determine what was classed as a
positive detection, Waterra filters out performed Sterivex. This is likely due to the larger
amount of water filtered by Waterra filters increasing the likelihood of capturing target
eDNA (Bessey et al., 2020). Likewise, more haplotype sequences were obtained from
Waterra filters, suggesting that possibly the quality of eDNA obtained by Waterra filters
is higher than that of Sterivex. With this in mind it would seem that Waterra filters are
better suited for eDNA studies especially when trying to obtain population level genetic
information. However, other studies have also obtained similar if not better population
level genetic information by using smaller volumes of water (Parsons et al., 2018) and

using Sterivex filters (Székely ef al., 2021).
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Inhibition was found to be present in five of the Sterivex eDNA samples and one seawater
control, however there was no evidence of inhibition in any of the Waterra eDNA samples
or seawater controls. This could be due to the extraction method used for the Waterra
filters as the DNeasy PowerSoil Pro kit contains an inhibitor removal step whereas the
DNeasy Blood and Tissue kit used for Sterivex samples does not. Contrary to this,
inhibition was detected in Sterivex sample #3 and the associated Waterra sample which
was extracted with both the DNeasy Blood and Tissue kit and DNeasy PowerSoil Pro kit
and showed no sign of inhibition regardless of the extraction method used. It is possible
that as that the higher volume of water being filtered through the Waterra filters resulted
in any PCR inhibitors that may have been present being diluted to a level where they did
not affect eDNA detection (Peixoto et al., 2020; Wang et al, 2017). Interestingly,
inhibition was detected in all clean water controls across both filters, all of which were
extracted using the DNeasy Blood and Tissue kit. Previous studies have reported that
drinking water can have sufficient levels of PCR inhibitors such as humic acid, chlorine
and iron and cause inhibition in qPCR reactions (Dalecka and Mezule, 2018; Schrader e?
al., 2012). This, coupled with presumably no bottlenose dolphin DNA for the qPCR
reaction to amplify, could cause the reaction to be deemed inhibited. Treatment of all
samples that were inhibited with inhibitor removal kits would be beneficial to determine

more accurately whether eDNA is present or not in these samples(Capo et al, 2020).

For this study, Waterra filters seem to be better suited than Sterivex. However, it is worth
considering the aims and logistics of a project and choosing a filter type based on the
specific needs. In order to determine more accurately if there is an objectively superior
filter type to use for eDNA sampling an increased number of paired samples would be

required. It would also be beneficial to investigate if the volume of water filtered through
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a filter affects the amount of eDNA obtained. This would then allow for the determination
of whether eDNA content increases linearly with water volume or if other variables
become the limiting factor of eDNA capture. While in this study 50L of water was filtered

using Waterra filters, if the optimum volume of water were less it would reduce the time

and effort involved in collecting large volumes of water.

Table 7: A summary of the pros and cons of Sterivex and Waterra filters

Sterivex Waterra
Pros | e Small e Can filter large volumes of water
e Easy to use e Potential to acquire large quantities of
e Quick and easy to extract eDNA
e Little additional sampling | ® More positive detections
equipment required e More haplotype sequences
e More consistent eDNA
quantities
Cons | ¢  Generally lower eDNA e Highly variable eDNA quantities
quantities e Bulky — requires a lot of storage space
e Low sample volumes e Requires additional sampling equipment
e Less positive detections i.e. pump, tubing, collection barrel
e Less haplotype sequences | ¢ Complex and lengthy extraction process
e Extraction more susceptible to human
error
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Conclusion

eDNA is proving to be a viable method to both detect bottlenose dolphins as well as
identifying mtDNA haplotypes. Both Sterivex and Waterra filters are promising options
for sample acquisition, although for population genetic studies it seems that the high-
volume capacity of Waterra filters makes them more suitable. Further work needs to be

carried out to optimise eDNA sampling methods and lab protocols.
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